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Abstract

Malaria is still a major problem in many parts of the world. Accurate diagnosis, crucial in disease control, currently
relies on the microscopic detection of parasites in blood samples. This technique is invasive, increases risk of blood-borne
disease transmission, and is uncomfortable for the patient. Non-invasive approaches to detect antibodies against malaria,
malarial antigens, and malarial DNA in non-blood samples, i.e. saliva, urine and buccal mucosa, have been developed to
overcome these problems. This review summarizes the techniques that have been used to detect malaria in non-blood samples,
their sensitivities and specificities as well as the factors influencing them. The provided information may be useful for further
development of highly efficient non-invasive malaria detection methods.
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1. Introduction

Malaria remains a public health concern in many parts
of the world. The world malaria report 2013 released by
World Health Organization (WHO) reported that around 207
million people were infected and about 627,000 people died
of the disease in 2012 (WHO, 2013). The causative agent of
the disease is obligate intraerythrocytic protozoa of the
genus Plasmodium. Malaria in human was previously known
to be caused by four species of Plasmodium (P. falciparum,
P, vivax, P. malariae and P. ovale). Recently, a simian malaria
parasite, P. knowlesi, is considered to be the fifth species of
Plasmodium that can cause malaria in human since a large
number of human cases infected with P. knowlesi were
described in Malaysia and in many countries in Southeast
Asia including Thailand (Jongwutiwes et al., 2004; Singh
and Daneshvar, 2013). Among human malaria parasites,
however, P. falciparum is the species responsible for the
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most severe form of the disease. It can cause fatal complica-
tions in malaria patients such as cerebral malaria, anemia,
metabolic acidosis, acute renal failure, respiratory distress,
and multiple organ failure (Trampuz et al., 2003). In contrast
to historical observations that infection with P. vivax rarely
develops into severe and lethal disease, recent reports show
that severe and sometimes fatal outcome associated with P,
vivax infection has become more frequent in some regions
(White et al.,2014). In addition, P. vivax possesses a dormant
stage known as the hypnozoite which can cause relapse, and
the incidence of P, vivax infection in certain endemic areas,
e.g. Thailand, has increased and become equal to that of P
falciparum (Muhamad et al., 2011). Thus, P. vivax infection
should be considered to be as important as P. falciparum
infection. Comparing with P falciparum and P. vivax,
infection with P. malariae and P. ovale occurs infrequently,
and the disease is generally benign with a low parasitemia
due to the preference of the parasites to selectively invade
erythrocytes (e.g. P. ovale invades only young erythrocytes)
(Mueller et al., 2007).

A key factor to control malaria is the early and accurate
diagnosis as it is crucial to manage infected individuals
effectively, avoiding unnecessary presumptive treatment.
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Diagnosis of malaria is based on detection of the malarial
antigens/products or the parasite itself in patient blood. The
techniques commonly used for malaria diagnosis include
microscopy, rapid diagnostic tests (RDTs) and polymerase
chain reactions (PCRs) (Cordray and Richards-Kortum, 2012).
Microscopic examination of blood film stained with Giemsa,
Wright’s, or Field’s stain remains the gold standard for
malaria diagnosis. This technique is simple, cheap, and useful
to determine the species and density of parasites. However, a
skillful technician is required to interpret the slides, particu-
larly when identifying parasites at low density or in mixed
malarial infection (Tangpukdee et al., 2009). Another caveat
of microscopic examination is the low sensitivity at low para-
site levels. Although an experienced microscopist can detect
parasites at the density of ~50 parasites/pul (Moody, 2002),
routine laboratory diagnosis detects at a density higher than
~500 parasites/ul (Milne et al., 1994).

To improve malaria diagnosis, an alternative method
such as rapid diagnostic tests (RDTs) has been developed.
RDTs detect malarial antigens in blood migrating across a
membrane containing specific anti-malaria antibodies
(Moody, 2002). This method is quick, easy to perform, and
does not require any specific equipment (Bell et al., 2006).
RDTs have a limit of detection of >100 parasites/ul, and
display 80-95% sensitivity and 85% specificity when consider
microscopy as the gold standard (Bell, 2004; Endeshaw
et al., 2008; Ochola et al., 2006; Ratnawati et al., 2008;
Wongsrichanalai et al., 2007). Nonetheless, the performance
of RDTs from different manufacturers and lots vary widely
(WHO, 2012). Furthermore, RDTs may give false-positive
results due to antigens circulating for up to two weeks in the
patient blood after the infection has been cleared (Mayxay
et al.,2001). An important shortcoming of this technique is
that it does not provide information about the markers of
drug resistance or the level of infection (Waitumbi ez al., 2011).

PCR is considered to be one of the most specific and
sensitive malaria diagnostic methods especially in patient
with low parasitemia (Morassin et al., 2002). Its sensitivity is
shown to be superior to that of RDTs or conventional micro-
scopic examination (Coleman et al., 2006) with a detection
limit of 0.5-5 parasites/ul. PCR also has the ability to detect
mixed infection and drug-resistant parasites (Cordray and
Richards-Kortum, 2012). Although this technique has shown
great specificity and sensitivity in malaria detection, it may
be unsuitable to use in remote rural area because of its high
cost and complex methodologies which need trained techni-
cians and specific equipment (Tangpukdee et al., 2009).

Although the malaria diagnostic methods described
above show great benefits, the major disadvantage is that
they require a blood sample to detect the parasite. Blood
drawing requires trained personnel who are not always avail-
able in remote malaria endemic area. This approach increases
the risks of needle injuries and accidental infection from
diseases such as HIV/AIDs. The cultural objection of consi-
dering blood withdrawal as taboo, the fear of small children
and some adults from blood collection, and the requirement
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of repeated sampling during post-treatment follow-up may
lead to poor compliance of patients (Wilson et al., 2008).
These considerations call for the development of non-
invasive diagnostic tools using materials other than blood as
the source for malaria detection. Since the publications
regarding detection malaria parasites in non-blood samples
mainly focus on P falciparum and P vivax, this review
describes only these two species.

2. Non-blood samples for malaria detection
2.1 Saliva

Whole saliva consists of secretions from salivary
glands, bronchial and nasal secretions, serum and blood
derivatives from oral wounds, bacterial and bacterial
products, viruses and fungi, epithelial cells, and other cellular
components (Kaufman and Lamster, 2002). Recently, many
researchers have become interested in using saliva as
material to evaluate physiological and pathological conditions
in human since it can be collected non-invasively by health-
care staff with limited training and no special equipment is
needed.

Saliva contains several components that may help to
detect systemic diseases, for example, cardiovascular disease
(Floriano et al., 2009), renal disease (Arregger et al., 2008),
autoimmune disease (Hu et al., 2007) and infectious diseases
including malaria (Sutherland and Hallett, 2009). The utiliza-
tion of saliva for malaria diagnosis has focused on detection
ofhost antibodies against malaria parasites, malarial antigens
or malarial nucleic acid in patient saliva by using enzyme-
linked immunosorbent assay (ELISA), rapid diagnostic tests
(RDTs) and polymerase chain reaction (PCR) (Table 1).

Even though the precise route leading malarial anti-
gens to appear in the saliva is still unknown, malarial products
such as P, falciparum histidine-rich protein 11 (P/HRP II) or
P, falciparum lactate dehydrogenase (pLDH) released upon
schizont rupture into circulation may reach to saliva via
pericellular ultrafiltration from the surrounding vasculature
(Fung et al., 2012). Some studies have successfully detected
either malarial antigens or antibodies in saliva. Wilson et al.
(2008) detected P/HRP II in whole saliva at 43% sensitivity,
yet the study by Fung et al. (2012) achieved sensitivity of
100%. The difference in their sensitivities is probably affected
by the ELISA product used and sample preparation. The
former study used a commercially available ELISA kit
designed to detect higher level of PHRP II in blood or
plasma, while the latter study used a custom chemilumines-
cent ELISA. In addition, the latter study used saliva samples
stabilized with protease inhibitors to prevent target protein
from degradation (Fung et al., 2012; Wilson et al., 2008).
Using a RDT to detect pLDH, Gbotosho ef al. (2010) reported
a sensitivity of 77.9% in whole saliva and 48.4% in saliva
supernatant. It seems that centrifugation of saliva samples
results in the sedimentation of parasite proteins. Hence, con-
centration of parasite antigen detectable in supernatant is
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Summary of sensitivity and specificity of methods based on human saliva (continued)

Table 1.

Reference
standard method

Specificity

Sensitivity

Sample size

Target molecules

Methods

Type of

Authors

(%)
100 (Pf)

98.46 (P.v)

(%)
100 (Pf)

86.36 (Pv)

sample

Microscopy

SSUrRNA

Nested PCR

100 (Pf)
98.46 (P.v)

100 (Pf)
79.55 (P.v)

223

Singleplex PCR

Saliva

Singh et al. 2014
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100 (Pf)
99.23 (P.v)

71.43 (Pf)
70.45 (Pv)

Multiplex PCR

974

922

Nested PCR

Microscopy

108

SSUrRNA

Saliva

Najafabadi et al. 2014

100

48.5

LAMP

Note: AMA: apical membrane antigen; CRS: species-specific consensus repetitive sequences; Cyth: mitochondrial cytochrome b; ELISA: enzyme-linked immunosorbent
assay; LAMP: loop-mediated isothermal amplification; MSP-1  : merozoite surface protein-1; PCR: polymerase chain reaction; Pfdhfi: Plasmodium falciparum dihydrofolate

reductase; PHRP I1: Plasmodium falciparum histidine-rich protein II; pLDH: Plasmodium falciparum lactate dehydrogenase; QT-NASBA: quantitative nucleic acid

sequence based amplification; SSUTrRNA: small subunit rRNA; P.f: Plasmodium falciparum; P.v: Plasmodium vivax.

NA: not available

low (Gbotosho et al., 2010). Saliva is also rich in serum IgA
and IgG Recent researches showed a correlation between
malarial antibodies level in saliva and in plasma making saliva
likely to be useful for community surveillance (Chidi et al.,
2011; Estevez et al., 2011).

Even if the detection of malarial antigens/antibodies
provides benefits, it may show false-positive results because
of antigen/antibodies remaining after the infection has been
cleared. In addition, it lacks of ability to test for the drug
resistant markers or to quantify the level of infection. Mole-
cular methods based on DNA amplification are sensitive,
offer the ability to detect species/drug resistant markers, and
are able to quantify the level of infection. Such methods have
been developed to detect malaria in saliva (Cordray and
Richards-Kortum, 2012).

The sensitivity of molecular methods for malaria de-
tection in saliva was shown to be affected by several factors
i.e. DNA extraction methods, size of target gene, sample
fraction, and sample preservation. By applying nested PCR
to amplify Pfmsp2 and Pfdhfr in saliva samples from P,
falciparum infected individuals, Mharakurwa et al. (2006)
found that amplicon yields significantly depended on DNA
extraction method. A commercial Qiagen kit extraction of
saliva had 2.6x better amplification success than the Chelex
approach. The size of the amplicon also influenced PCR
amplification in saliva samples. Among the primer sets used
in the study, the Pfdhfr U1-4 primer set which amplify the
shortest amplicon fragment get the highest amplification
success. This is consistent with a study conducted in
Zambia which found that short amplicon primers were more
sensitive compared to long amplicon primers in amplifying
P. falciparum DNA (Pooe et al., 2011). Low amplification
sensitivity when amplified by long amplicon primers may
suggest the degradation of parasite DNA in saliva (Mhara-
kurwa et al., 2006; Pooe ef al., 2011). The copy number of
gene also affects the success of PCR amplification. Nested
PCR targeting mitochondrial cytochrome b (Cytb) which has
a copy number ranging from 30-100 per parasite showed 16%
and 39.8% more sensitive in malaria detection than nested
PCR targeting SSU-rRNA and microscopy, respectively
(Putaporntip et al., 2011). Recently, the high copy species-
specific consensus repetitive sequences (CRS) which presents
14 copies in Pvivax and 41 copies in P. falciparum were used
to detect P. falciparum and Pvivax in saliva samples. The
one-step CRS PCR assay displayed almost 80% sensitivity
compared with microscopy (Singh et al.,2014).

Apart from DNA extraction method, size of amplicon,
and gene copy number, parasite density seems to impact the
success of amplification (Mharakurwa et al., 2006). The study
in Gambia found that the sensitivity of nested PCR increased
from 73% to 82% in samples with a parasite density of >1000
parasites/pl (Nwakanma et al., 2009). Although the study of
Buppan et al. (2010) found that the positive rates of nested
PCR of saliva samples increased with parasite density for
P, falciparum, this finding however was not found in the
results from nested PCR of P. vivax saliva samples.
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The proper preservation of clinical specimens and the
fraction of saliva used are also key factors influencing the
success of the amplification. Saliva preserved in ethanol gave
more than twice the yield of positive results than saliva kept
on ice (Buppan et al., 2010). It has been reported that the
pellet fraction is more suitable to use than supernatant
fraction of spun saliva. Nested PCR in pellet of spun saliva
displayed 91% sensitivity compared with microscopic exami-
nation (Gbotosho et al., 2010), and DNA amplified from pellet
fraction revealed higher amplification success than DNA
isolated from the soluble fraction of saliva (Pooe et al.,
2011). The volume of the sample may also be important for
the success of the test. The study of Najafabadi et al. (2014)
using two-fold volume of saliva used in the studies of
Mharakurwa et al. (2006) and Buppan et al. (2010) yield
higher sensitivity of nested PCR in saliva samples.

The current PCR-based methods are costly and need
specific equipment run by trained personnel to perform,
making them impractical for routine diagnosis of malaria in
remote areas. Thus, a new molecular method, loop-mediated
isothermal amplification (LAMP), was designed to circumvent
these problems. LAMP is a rapid, inexpensive, sensitive,
specific, and simple technique. It can be performed at a single
temperature, and the result can be observed with the naked
eyes making it suitable for use in field setting (Han, 2013).
LAMP for malaria detection in non-blood samples has been
assessed in some studies. A study conducted in India using
LAMP to detect malaria in saliva showed a sensitivity of
76.3% (Singh ef al., 2013) while another study conducted in
Iran reported a sensitivity of LAMP in saliva at only 48.5%
despite preserving saliva in ethanol (Najafabadi et al., 2014).
As saliva contains several microbes, microbial DNases, and
other constituents which may degrade the DNA template
and inhibit the amplification, rinsing the patient mouth with
water before saliva collecting in the former study may have
reduced contamination from other substances resulting in
increased sensitivity (Singh et al., 2013).

Although malarial DNA in saliva samples has been
successfully detected, the biological processes by which the
parasite DNA reaches into saliva are unknown. DNA from
lysed parasites may passively enter saliva via the serum or
within phagosomes of macrophages through intraoral bleed-
ing or the gingival cervicular fluid (Sutherland and Hallett,
2009). The precise mechanisms by which traces of malarial
DNA appears in saliva need to be further investigated.

2.2 Urine

Urine is another sample which has been assessed for
non-invasive malaria detection. Previous studies suggested
that both malarial antigens and antibodies are possibly
released into the urine during malaria infection. An ultra-
structural pathological study of renal tissue from
P. falciparum patients revealed the presence of parasitized
erythrocytes sequestered in glomerular and tubulointer-
stitial vessels (Nguansangiam et al., 2007) and also immune
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complexes including IgG, C3, and malarial antigens (Das,
2008). These results along with proteinuria reported in
patients infected with P. falciparum lead to the idea that
parasite antigens and antibodies may be excreted into urine.
Antisera raised against urine from P. falciparum patients
showed positive results with P falciparum parasites in
indirect immunofluorescence test and immunoprecipitated
extracts of parasites metabolic. These results suggest that a
variety of malarial antigens are released into urine (Valle et
al., 1991). Moreover, dot-blot and western blot assay also
revealed the presence of malarial antigens in urine of patients
infected with P. vivax. It should be noted however that the
antigens can still be detected in patients who no longer had
detectable parasitemia after treatment (Militao ef al., 1993).

The molecular detection of malarial DNA in urine
seems less sensitive than in saliva ranging from approxi-
mately 30% to 70% sensitivity (Table 2). This is probably
due to the less amount of DNA template presence in urine
than in saliva. Quantitative real-time PCR analysis showed
that the mean quantity of parasite DNA in blood was ~600-
fold and ~2500-fold that in concurrent saliva and urine,
respectively (Nwakanma et al., 2009). The sensitivity may
also depend on the particular PCR technique used as LAMP
showed a sensitivity only 30% compared with nested PCR.
This possibly indicates that the amount of parasite DNA in
urine is below the minimum detection limit of LAMP, which
has been reported at 30+5 parasites/ul while nested PCR has
been reported at 3+5 parasites/pul (Chen et al., 2010; Lu et al.,
2012). The gene copy number may also affect the sensitivity
of using urine as found in saliva. In the study of Nwakanma
et al. (2009) and Buppan et al. (2010), nested PCR of SSU-
rRNA showed approximately 30% sensitivity whereas the
study of Putaporntip et al. (2011) amplifying higher copy
number cytb showed higher sensitivity at around 50%. The
success of amplification also depends on the volume of urine
samples used. By using five-fold the urine volume used in the
study of Nwakanma et al. (2009) and Buppan et al. (2010),
Najafabadi ef al. (2014) showed a higher sensitivity of PCR
amplifying SSU-rRNA. Other factors impacting the sensiti-
vity of gene amplification in saliva samples such as parasite
density, DNA extraction method, size of amplicon, and
sample preservation also seem to affect the sensitivity in urine
samples.

2.3 Buccal mucosa

Buccal mucosa, fast-replaced tissues, has also been
used for malaria detection. In a study applying nested PCR to
target mspl and msp2 genes, the researchers found that the
specific genes were successfully amplified in buccal mucosa
and were comparable to saliva and urine. They did not
however find the association of the PCR positive rate with
parasite density, patient age, or body temperature (A-
Elgayoum ef al., 2010). Another study using real-time quan-
titative nucleic acid sequence based amplification (QT-
NASBA) also showed successful RNA amplification in
buccal mucosa samples. Interestingly, the authors found that
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the mucosa spread on filter paper displayed four times better
than fresh frozen mucosal swab (Kast ef al., 2013). The
processes leading to the presence of parasite DNA in the
buccal mucosa are unknown. It is proposed that mucus
membrane including buccal mucosa or epithelial lining of the
oral cavity act as the filters for the passage of parasite
constituents into the saliva. Thus, the traces of parasite DNA
can be found in these tissues (A-Elgayoum ef al., 2010).

3. Conclusions

Detection of malaria by using non-invasive samples
including saliva, urine, and buccal mucosa has been de-
veloped to reduce the risks of blood drawing and improve
patient compliance. The utility of non-blood samples would
prove to be beneficial in antimalarial drug and vaccine trials
which require repeated sampling from volunteers. In addition,
combining non-blood samples with molecular methods might
be as beneficial as blood-based conventional microscopy in
determining parasite density during post-treatment follow-up.

Among the non-blood samples described in this
review, saliva is most likely to be suitable for malaria detec-
tion. However, detection of antigens/antibodies in saliva
could give false-positive results due to the antigens/anti-
bodies circulating after the infection has ended, and it does
not provide information about infection level and drug resis-
tant markers. Thus, molecular methods which offer the ability
to quantify infection level and detect drug resistance markers
have been developed to solve these problems. It is quite
obvious that nested PCR is the most sensitive and specific
method among the techniques used to detect malaria in saliva
as well as in urine. However, an improvement in the sensiti-
vity of PCR in non-blood samples including the DNA extrac-
tion method, sample preservation, primer set and fraction/
volume of sample used is needed before this can become a
tool with real utility.
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